Emerging infectious diseases are defined as those whose documented incidence in humans has increased during the past 20 years or threatens to rise in the near future (Institute of Medicine, 1992). A variety of viral, bacterial, and protozoan agents have been implicated as potentially important emerging waterborne agents. Although little is known about the fate, ecology, and distribution of these microorganisms in the aquatic environment, some of these microorganisms have already been identified as the cause of waterborne disease outbreaks ([Mullens, 1996](#awwa10514-bib-0013){ref-type="ref"}; CDC, 1993; CDC, 1991a; CDC, 1991b; [Kaplan et al, 1982a](#awwa10514-bib-0009){ref-type="ref"}; [Kaplan et al, 1982b](#awwa10514-bib-0010){ref-type="ref"}). Beyond these documented cases, other emerging pathogens have been identified in natural water sources and therefore have the potential to cause waterborne disease outbreaks ([Moe, 1997](#awwa10514-bib-0011){ref-type="ref"}; [Avery & Undeen, 1987](#awwa10514-bib-0001){ref-type="ref"}; [Clark et al, 1982](#awwa10514-bib-0005){ref-type="ref"}).

Emerging viral pathogens include the caliciviruses, such as Norwalk and Norwalk‐like viruses, and other small round structured viruses such as astroviruses and coronaviruses. Enteric adenoviruses are also considered to be emerging viral pathogens. Several bacteria, including *Escherichia coli* O157:H7, *Aeromonas hydrophila, Mycobacterium avium*, and *Helicobacter pylori*, have also been identified as emerging waterborne pathogens. Emerging protozoan parasites include five genera of microsporidian protozoa that are known to cause disease in humans: *Nosema, Pleistophora, Enterocytozoon, Encephalitozoon*, and *Microsporidium* ([Garcia & Bruckner, 1997](#awwa10514-bib-0006){ref-type="ref"}). Other recent waterborne outbreaks have been attributed to the protozoa *Cyclospora cayetanensis* and *Toxoplasma gondii* ([Mullens, 1996](#awwa10514-bib-0013){ref-type="ref"}; CDC, 1991b).

**Regulatory response to pathogen emergence.** *Giardia* and *Cryptosporidium* were the primary emerging protozoan pathogens of concern in the 1980s and 1990s. The emergence of *Giardia* as a waterborne pathogen in the late 1970s and early 1980s helped reinforce the need for a multiple‐barrier approach to water treatment. To address this need, the US Environmental Protection Agency (USEPA) issued the Surface Water Treatment Rule (SWTR) in 1989 (USEPA, 1989). This rule required filtration for most utilities that treat surface water and established minimum levels of disinfection for all utilities that treat surface water. In addition, the emergence of *Cryptosporidium* in the late 1980s and 1990s forced the USEPA to issue and propose a series of Enhanced SWTRs (USEPA, 2002; USEPA, 2000; USEPA, 1998; USEPA, 1994). These regulatory actions trace how a pathogen can emerge to substantially alter regulatory policies and treatment practices. Given the significant effect these new rules have had on the drinking water industry, it is appropriate to ask whether some other organism could emerge to trigger more changes in both policy and practice.

The observed or suspected presence of pathogens in water systems implies that they entered the systems by direct contamination of the distribution system or by surviving the conventional, multiple‐barrier approach to drinking water treatment. The potential for the latter of these two possible routes has not yet been addressed for the emerging pathogens noted previously. This article provides data that begin to fill this information gap.

**Objective.** The objective of this research was to evaluate the removal of several emerging waterborne pathogens by using pilot‐scale conventional treatment with alum coagulation, flocculation, sedimentation, and filtration. The study focused on the effect of filter run time, alternative filter loading rates, alternative filter media, and coagulation pH on pathogen removal.

Experimental Procedures {#awwa10514-sec-0002}
=======================

> Although many studies have focused on the effects of particle size on particle removal in clean bed filters, little research has been conducted to determine the breakthrough rates of different‐sized particles.

**Selected microorganisms.** Six pilot‐scale challenge experiments were performed to investigate the effects of various filtration conditions on the removal of live waterborne pathogens by alum coagulation, flocculation, sedimentation, and rapid‐rate granular media filtration. The microbes tested were *Cryptosporidium parvum* oocysts, *Encephalitozoon intestinalis* spores, enteropathogenic *E. coli* O157:H7, *A. hydrophila*, and bacteriophage MS2. Test microorganisms were pooled to produce a microbial "cocktail" that was used to seed raw waters for all pilot‐scale experiments.

[Table 1](#awwa10514-tbl-0001){ref-type="table"} summarizes the morphological characteristics of these pathogens; however, the characteristics presented here may have only an indirect influence on pathogen removal. Once coagulation and flocculation have been completed, these pathogens would likely be associated with floc particles having significantly different sizes and shapes from those shown in the table. It is the characteristics of these floc particles that have a direct influence on pathogen removal through sedimentation and granular media filtration. Nevertheless, the pathogen characteristics listed in [Table 1](#awwa10514-tbl-0001){ref-type="table"} play a role in determining the physical and chemical characteristics of the floc particles. Floc characteristics will also depend on other factors including the type and dosage of coagulant being used, the pH of coagulation, and the characteristics of other particles such as suspended silts and clays.

###### 

Typical morphological characteristics of selected microorganisms

  Pathogen                                Shape         Size---*μm*
  --------------------------------------- ------------- -------------------------
  *Cryptosporidium parvum* oocysts        Round         3--7
  *Encephalitozoon intestinalis* spores   Tear drop     (1.3--2.1) × (2.5--3.3)
  *Aeromonas hydrophila*                  Rod           (0.3--1.0) × (1.0--3.5)
  *Escherichia coli* O157:H7              Rod           (1.0--1.5) × (2.0--6.0)
  Bacteriophage MS2                       Icosahedral   0.026--0.027

**Methods common to all pilot experiments.** Continuous‐flow pilot‐plant experiments were run at the University of Wisconsin\'s pilot‐scale water treatment facility in Madison. The pilot plant received raw water from Lake Mendota in Madison and included two parallel treatment trains ([Figures 1](#awwa10514-fig-0001){ref-type="fig"}--[3](#awwa10514-fig-0003){ref-type="fig"}) operated at a flow rate of 1 gpm (0.06 L/s) per treatment train. Raw water was pumped to a constant‐head reservoir and flowed by gravity through two rapid‐mix tanks, three flocculation chambers, and one sedimentation basin on each train. For the duration of each run, pathogen cocktail and alum were fed at a constant dosage to the first and second rapid‐mix chambers, respectively.

For each treatment train, settled water was pumped to a constant‐head tank and then flowed by gravity to a rack of four granular media filter columns. Pumping of settled water was provided because of space limitations in the laboratory, but similar designs have been used in previous studies on *Cryptosporidium* oocyst and *Giardia* cyst removal ([Patania et al, 1995](#awwa10514-bib-0014){ref-type="ref"}). Because pumping breaks up floc particles that are not removed by sedimentation, these experiments may represent a worst‐case analysis of pathogen removal in conventional treatment of Lake Mendota water. A detailed description of the treatment plant operating conditions is provided elsewhere ([Harrington et al, 2001](#awwa10514-bib-0007){ref-type="ref"}).

Experiments were conducted to evaluate hydraulic residence time distributions and the influence of settled water pumping on turbidity removal ([Harrington et al, 2001](#awwa10514-bib-0007){ref-type="ref"}). The hydraulic residence time distribution showed that filter effluent samples could be collected no earlier than 5 h after initiation of pathogen feed to the raw water supply. The other tests indicated that settled water pumping had no effect on turbidity removal through filtration provided that the sedimentation basin was cleaned out one day prior to a challenge experiment.

The day before a pathogen challenge run, the rapid‐mix tanks, flocculation chambers, and sedimentation basins were drained, and solids were cleaned out and flushed to the sanitary sewer. The alum dosage for each pilot‐scale test was determined by a series of jar‐test experiments using pathogen‐seeded water approximately 12 h before the pilot‐scale experiment. The selected alum dosage was based on optimal turbidity removal. After the cleaning, the pilot‐scale system was brought back on line without pathogen feed and allowed to run overnight with the selected alum dosage.

On the following day, feeding of the pathogen cocktail was initiated once the pilot plant was determined to be operating in a stable fashion. [Table 2](#awwa10514-tbl-0002){ref-type="table"} shows average pathogen concentrations in the seeded Lake Mendota water. These concentrations were measured at a location between the two rapid‐mix basins on each train (see yellow circles on [Figures 1](#awwa10514-fig-0001){ref-type="fig"}--[3](#awwa10514-fig-0003){ref-type="fig"}). The cocktail was continuously fed to each pilot train at a flow rate of 5 mL/min from a 20 L (5.3 gal) high‐density polyethylene container. The container was placed in a cooler with ice packs to help maintain the stability of the pathogen cocktail. A mixing system was designed to help maintain a uniform suspension of pathogens within the container. Details of the pathogen feed system and the preparation methods for the stock pathogen suspension are provided elsewhere ([Harrington et al, 2001](#awwa10514-bib-0007){ref-type="ref"}).

###### 

Average pathogen concentrations in pathogen‐seeded Lake Mendota water

  Pathogen                                Average Concentration
  --------------------------------------- -----------------------
  *Cryptosporidium parvum* oocysts        1×10^5^ oocysts/L
  *Encephalitozoon intestinalis* spores   2×10^5^ spores/L
  *Aeromonas hydrophila*                  2×10^7^cfu/L
  *Escherichia coli* O157:H7              6×10^7^cfu/L
  Bacteriophage MS2                       5×10^7^ pfu/L

Five hours after the pathogen feed was initiated, the filter effluent was presumed to be at steady state with respect to the pathogen feed. During this 5 h period, pathogen samples were collected at a location between the two rapid‐mix tanks (yellow circles on [Figures 1](#awwa10514-fig-0001){ref-type="fig"}--[3](#awwa10514-fig-0003){ref-type="fig"}) to evaluate the stability of the pathogen feed during this part of the run. These samples were collected 15 min, 2 h, and 4 h after initiation of the pathogen feed.

After the 5 h period, all filters were backwashed and simultaneously placed back on line after backwashing was completed. To track turbidity during the ripening phase, filter effluent turbidities were monitored every 5 min for 3 h after the filters were placed back on line. Head loss across each filter was recorded every 30 min during the ripening phase. Once ripening was completed, turbidity and head loss were monitored every 2--7 h until the experiment was terminated.

**Methods specific to evaluating filter run time.** The pilot plant was used on two separate occasions to evaluate the effect of filter run time on the performance of dual‐media filters operated at 4 gpm/sq ft (2.7 mm/s). A flow chart for these tests is shown in [Figure 1](#awwa10514-fig-0001){ref-type="fig"}. Duplicate filters were run on a single train during each test to characterize experimental repeatability. The dual‐media filters consisted of 18 in. (46 cm) of crushed anthracite over 12 in. (31 cm) of sand. [Table 3](#awwa10514-tbl-0003){ref-type="table"} lists the effective size and uniformity coefficient of each filter medium.

![Flow chart for evaluating effect of filter run time on removal of emerging waterborne pathogens](AWWA-95-95-g001){#awwa10514-fig-0001}

###### 

Characteristics of filter media used in the pilot‐scale experiments

  Filter Medium   Effective Size *mm (in.)*   Uniformity Coefficient
  --------------- --------------------------- ------------------------
  Anthracite      1.0 (0.04)                  1.3
  Sand            0.5 (0.02)                  1.4
  Garnet          0.3 (0.012)                 1.4

In these two experiments, feeding of the pathogen cocktail was initiated and the pilot plant was operated for 5 h, at which point steady‐state conditions were assumed. Both filters were then backwashed and placed back into service. Forty‐five minutes after backwashing, pathogen samples were collected from the spiked raw water, the settled water, and both filter effluents to evaluate removal during the ripening stage (see yellow circles on [Figure 1](#awwa10514-fig-0001){ref-type="fig"}). Additional sets of pathogen samples were collected from the same locations at 5, 20, and 35 h after backwashing. The 35 h time was selected because routine operation of the pilot plant showed that terminal head loss was typically achieved at 40±5 h.

**Methods specific to evaluating alternative filter loading rates.** On two separate occasions, the pilot plant was used to evaluate the effect of alternative loading rates on the performance of ripened granular media filters ([Figure 2](#awwa10514-fig-0002){ref-type="fig"}). The loading rates studied were 2, 4, 6, and 8 gpm/sq ft (1.4, 2.7, 4.1, and 5.4 mm/s). All eight filters were dual‐media with 18 in. (46 cm) of crushed anthracite over 12 in. (31 cm) of sand; see [Table 3](#awwa10514-tbl-0003){ref-type="table"} for effective size and uniformity coefficient. Duplicate treatment trains were operated during each test to assess experimental repeatability.

![Flow chart for evaluating effect of filtration rate on removal of emerging waterborne pathogens](AWWA-95-95-g002){#awwa10514-fig-0002}

Once filter effluent turbidities indicated that ripening was complete, samples were collected for pathogen analysis. These samples were collected at all of the locations designated by yellow circles on [Figure 2](#awwa10514-fig-0002){ref-type="fig"}. To demonstrate the stability of the pathogen feed, additional samples were collected from the location between the two rapid‐mix tanks on each train. These samples were collected at 2 h intervals throughout the experiment.

**Methods specific to evaluating alternative filter media.** Pilot‐scale tests were also performed to evaluate alternative filter media configurations. As shown in [Figure 3](#awwa10514-fig-0003){ref-type="fig"}, these tests compared the performance of monomedium filters, dual‐media filters, and trimedia filters. The monomedium filter contained 30 in. (76 cm) of sand, whereas the dual‐media filter contained 18 in. (46 cm) of anthracite over 12 in. (31 cm) of sand. The trimedia filter contained 3 in. (8 cm) of garnet under 12 in. (31 cm) of sand and 15 in. (38 cm) of anthracite. [Table 3](#awwa10514-tbl-0003){ref-type="table"} lists the effective size and uniformity coefficients for all of the filter media. All filters were operated at a loading rate of 4 gpm/sq ft (2.7 mm/s).

![Flow chart for evaluating effect of alternative filter media configuration on removal of emerging waterborne pathogens](AWWA-95-95-g003){#awwa10514-fig-0003}

![Effect of filter run time on filter effluent turbidity](AWWA-95-95-g004){#awwa10514-fig-0004}

![Effect of filter run time on pathogen removal](AWWA-95-95-g005){#awwa10514-fig-0005}

![Removal of *Aeromonas hydrophila* and *Escherichia coli* O157:H7 during the ripening phase of a filter run](AWWA-95-95-g006){#awwa10514-fig-0006}

Once filter effluent turbidities indicated that ripening was complete, samples were collected for pathogen analysis. These samples were collected at all of the locations designated by yellow circles on [Figure 3](#awwa10514-fig-0003){ref-type="fig"}. To demonstrate the stability of the pathogen feed, additional samples were collected from the location between the two rapid‐mix tanks on each train. These samples were collected at 2 h intervals throughout the experiment.

**Methods specific to evaluating coagulation pH.** This evaluation was combined with the evaluation of alternative filter media ([Figure 3](#awwa10514-fig-0003){ref-type="fig"}). For this experiment, alum coagulation was performed at ambient pH in one treatment train and at a lower pH in the other treatment train. The lower pH was achieved with the addition of sulfuric acid. All other procedures for this test were as previously described.

**Control reactions.** For each trial, a separate batch reactor containing the microbial cocktail diluted into untreated source water was maintained to monitor any changes in the stability of test microorganisms over the course of each experiment. For each set of samples collected (pretreatment, postsedimentation, and postfiltration), a sample was collected from the control reactor to monitor changes in microbial densities associated with growth or decay over the course of the experiment.

Analytical Methods {#awwa10514-sec-0003}
==================

**Turbidity.** Turbidity was measured with a turbidimeter[^1^](#awwa10514-note-0001){ref-type="fn"} in accordance with method 2130B (*Standard Methods*, 1996). The turbidimeter was calibrated several times throughout the project with primary standard formazin suspensions (hydrazine sulfate and hexamethylene tetramine)[^2^](#awwa10514-note-0002){ref-type="fn"} and before every experiment with secondary standards.[^3^](#awwa10514-note-0003){ref-type="fn"}

![Effect of filter loading rate on filter effluent turbidity](AWWA-95-95-g007){#awwa10514-fig-0007}

![Effect of filter loading rate on pathogen removal](AWWA-95-95-g008){#awwa10514-fig-0008}

**pH.** Sample pH was measured with a glass‐bulb, liquidjunction electrode[^4^](#awwa10514-note-0004){ref-type="fn"} with manual temperature compensation. The pH meter was calibrated before every experiment with pH 4, 7, and 10 buffers.

**Absorbance.** Absorbance of ultraviolet light was measured at 254 nm (UV~254~) with a spectrophotometer[^5^](#awwa10514-note-0005){ref-type="fn"} in accordance with method 5910B (*Standard Methods*, 1996).

**Enumeration of microorganisms.** This section provides a general overview of the methods used for microbial enumeration; methods used for each microbe are detailed elsewhere ([Harrington et al, 2001](#awwa10514-bib-0007){ref-type="ref"}). Relative removals of *C. parvum* oocysts and *E. intestinalis* spores were determined by immunolabeling samples with specific antibodies conjugated to fluorescent antibodies and subjecting samples to enumerative analysis by flow cytometry. Samples were supplemented with precise numbers of an internal standard (fluorescent beads), and the absolute numbers of oocysts or spores were then corrected for original sample volume and expressed per millilitre. In cases in which high turbidity or interfering materials rendered flow cytometry analysis ineffective or inadequately sensitive, oocysts and spores were enumerated manually by examining immunolabeled samples under epifluorescence conditions in a fluorescence microscope.[^6^](#awwa10514-note-0006){ref-type="fn"} Reductions of oocysts and spores were then computed as the log‐transformed ratio of pretreatment and posttreatment microbial densities.

Bacterial concentrations were quantified using a spreadplate technique with selective agar specific for each test microorganism. Serially diluted samples in volumes of 200 μL were inoculated onto selective agar and were distributed uniformly over the agar surface with sterile stainless‐steel rods. For *E. coli* O157:H7 and *A. hydrophila*, plastic petri dishes were prepared with 15 mL of MacConkey sorbitol and ampicillin dextrin agar, respectively. Samples were incubated for 22 to 24 h at 35°C and enumerative results were expressed as colony‐forming units per millilitre. To increase the precision of the results and to determine analytical error, plates were prepared in triplicate for each dilution.

Bacteriophage MS2 concentrations were determined according to infectivity assay using the double‐agar‐layer method in 100 mm (3.94 in.) plastic petri dishes. Samples (100 μL) of each sample dilution were added to 5 mL molten top agar, supplemented with 100 μL log‐phase *E. coli* F‐amp, and plated over nutrient bottom agar containing streptomycin and ampicillin. Samples were incubated at 37°C for 16 to 24 h, with sample dilutions plated in triplicate to characterize analytical error. Virus concentrations were expressed as mean plaque‐forming units per millilitre.

Results {#awwa10514-sec-0004}
=======

![Effect of alternative filter media on pathogen removal at pH 7.0](AWWA-95-95-g009){#awwa10514-fig-0009}

![Effect of alternative filter media on pathogen removal at pH 5.7](AWWA-95-95-g010){#awwa10514-fig-0010}

**Effect of filter run time on pathogen removal.** The alum dose for the experiment described here was set to 50 mg/L; raw water temperatures during the experiment were 14.3±0.3°C. Raw water pH averaged 7.59±0.11 during the experiment, and alum addition lowered the pH to an average of 7.46±0.06 in settled waters. Treatment reduced UV~254~ by an average of 9%, from 0.074±0.003 cm^--1^ to 0.067±0.007 cm^--1^. These standard deviations showed that both pH and UV~254~ were stable throughout the experiment, suggesting that raw water quality and alum dosage varied to an insignificant degree during the experiment. The variation in pH and UV~254~ between the two filters was \<0.07 pH units and 0.001 cm^--1^, respectively. Therefore, the chemical quality of the water through filtration was reproducible.

Filter effluent turbidities for the entire experiment are shown in [Figure 4](#awwa10514-fig-0004){ref-type="fig"}, which indicates that turbidity breakthrough was evident after approximately 20 h of filter run time. Although breakthrough appears to have begun at around 16 h of run time, the turbidity values at 20 h of run time were not significantly different from values during the mature phase. From 3 h of filter run time to 20 h of filter run time, filter effluent turbidity averaged 0.16±0.05 ntu. After this period, filter effluent turbidities increased steadily from an average of 0.20 ntu at 20 h to an average of 1.7 ntu at 35 h of filter run time.

[Figure 4](#awwa10514-fig-0004){ref-type="fig"} also shows that the two filters produced similar turbidity results, with filter 1 producing an average turbidity that was 0.02 ntu lower than the average turbidity produced by filter 2. A statistical analysis of the data from the two filters showed that the experimental uncertainty was 0.03 ntu (see [Harrington et al, 2001](#awwa10514-bib-0007){ref-type="ref"}, for details of uncertainty calculations). Therefore, turbidity differences between the two filters were within experimental error and not significant.

Pathogen samples were collected from both filters at all four of the run times shown in [Figure 4](#awwa10514-fig-0004){ref-type="fig"}. [Figure 5](#awwa10514-fig-0005){ref-type="fig"} shows average pathogen removals for all four of these sampling times. The removals shown in [Figure 5](#awwa10514-fig-0005){ref-type="fig"} reflect the performance of the entire treatment train from seeded raw water to filtered water. The experimental uncertainty for pathogen removal was ±0.2 log for *C. parvum* oocysts, adenoviruses, and polioviruses. This uncertainty was ±0.1 log for the remaining microorganisms.

With the exception of bacteriophage MS2, differences in removal between the 45 min and 5 h sampling times did not exceed the experimental uncertainty for any of the microorganisms. Therefore, pathogen removal during the ripening phase was similar to pathogen removal in the mature filters. Between 5 and 20 h, removals of *E. intestinalis* spores and *C. parvum* oocysts remained stable, and this stability was consistent with that observed for filter effluent turbidity. However, removals of *A. hydrophila* and bacteriophage MS2 declined significantly between these two sample times, suggesting that breakthrough of these microbes occurred earlier than that of turbidity. Beyond 20 h, significant breakthrough was observed for all microorganisms and was consistent with the extensive breakthrough of turbidity. Results showed that *E. coli* O157:H7 was poorly removed throughout the run, implying that breakthrough of this pathogen took place prior to the 45 min sampling time.

A second experiment with all of the test pathogens also showed early breakthrough of *A. hydrophila* and *E. coli* O157:H7. Two additional tests run with only *A. hydrophila* and *E. coli* O157:H7 showed that the latter microorganism achieved breakthrough in less than 1 h of filter run time (results for one of these tests are shown in [Figure 6](#awwa10514-fig-0006){ref-type="fig"}).

The reasons for the rapid breakthrough of *A. hydrophila* and *E. coli* O157:H7 are unclear, but it is possible that this was associated with the size of the bacteria. Filtration theory suggests that 1‐μm particles are the most difficult ones to remove through clean bed, rapid‐rate granular media filters ([Yao et al, 1971](#awwa10514-bib-0021){ref-type="ref"}). This size is comparable to the two bacteria that were studied. However, *A. hydrophila* was more readily removed than any of the test microbes during the initial 5 h of the filter run. This size also corresponds to that of *E. intestinalis* spores, which were more poorly removed than most of the other microbes but did not break through as quickly as the two bacteria.

In addition, it is not known whether the bacteria were associated with floc particles when entering the filter. Although many studies have focused on the effects of particle size on particle removal in clean bed filters, little research has been conducted to determine the breakthrough rates of different‐sized particles. Previous research has concluded that particles in the size range of 3 to 7 μm were associated with early breakthrough, but that research did not evaluate particles smaller than 1 μm in size ([Moran et al, 1993](#awwa10514-bib-0012){ref-type="ref"}). It is also possible that surface charge played a role, because measurements showed that *A. hydrophila* was less negatively charged than either *E. coli* O157:H7 or *E. intestinalis* ([Harrington et al, 2001](#awwa10514-bib-0007){ref-type="ref"}). However, the surface charge of particles entering the filter was not measured. Therefore, additional research is needed to evaluate the reasons for the rapid breakthrough of *A. hydrophila* and *E. coli* O157:H7.

**Effect of filter‐loading rate on pathogen removal.** [Figure 2](#awwa10514-fig-0002){ref-type="fig"} shows the setup for this experiment. As noted previously, pathogen samples were collected after 3 h of filter run time, when the ripening phase was complete. The alum dose was set to 80 mg/L, and raw water temperature during the experiment was 15.5°C. Raw water pH averaged 7.79±0.01 during the experiment, and alum addition lowered the pH to an average of 7.35±0.03 in the settled water. Treatment reduced UV~254~ by 36% from 0.068 to 0.044 cm^--1^. The variation in pH and UV~254~ between the two treatment trains was \<0.03 pH units and 0.004 cm^--1^, respectively. Throughout the experiment, raw and settled water turbidities averaged 3.7±0.2 and 1.7±0.3 ntu, respectively.

[Figures 7](#awwa10514-fig-0007){ref-type="fig"} and [8](#awwa10514-fig-0008){ref-type="fig"} show the filter effluent turbidities and the log removals achieved for the various microorganisms, respectively. These figures indicate that filtration rate had no observable effect on effluent turbidity or pathogen removal across the range from 2 to 8 gpm/sq ft (1.4 to 5.4 mm/s). Although loading rate did not appear to affect effluent quality, higher loading rates were associated with greater head loss.

The results were similar to those observed for *Cryptosporidium* oocysts and *Giardia* cysts in pilot studies at Contra Costa, Calif., and Seattle, Wash. ([Patania et al, 1995](#awwa10514-bib-0014){ref-type="ref"}). However, the results observed in this study apply to filters that recently completed the ripening phase. Further studies are needed to determine the effects of loading rate on time to pathogen breakthrough.

**Effect of alternative filter media on pathogen removal.** The experiment described in this section compared monomedium sand filtration, dual‐media anthracite/sand filtration, and trimedia anthracite/sand/garnet filtration (see [Figure 3](#awwa10514-fig-0003){ref-type="fig"}). Raw water temperature and pH were 12 ±0°C and 7.41±0.10, respectively. The alum dose for this experiment was set to 70 mg/L. In one treatment train, alum was fed with sulfuric acid to produce pH 5.72±0.15 in the settled water. In the train having no sulfuric acid addition, alum addition lowered the pH to an average of 6.99±0.06 in the settled water. The treatment train achieved 27% removal of UV~254~‐absorbing substances, lowering UV~254~ from 0.063 to 0.046 cm^--1^. All filters were loaded at 4 gpm/sq ft (2.7 mm/s).

Raw water turbidity averaged 8.6±1.5 ntu through the pilot run. There was no statistically significant difference among the filters for turbidity control. At the time of pathogen sample collection on the pH 7.0 train, filter effluent turbidities varied from 0.10 ntu for the trimedia filter to 0.12 ntu for the dual‐media filter. Turbidities varied from 0.08 ntu for the dual‐media filter to 0.09 ntu for both the sand and trimedia filters on the pH 5.7 train.

[Figures 9](#awwa10514-fig-0009){ref-type="fig"} and [10](#awwa10514-fig-0010){ref-type="fig"} show the pathogen removals achieved at pH 7.0 and pH 5.7, respectively. With the exception of bacteriophage MS2, there was no statistically significant difference among the three filters for microbe removal on the conventional coagulation train. The sand filter was observed to achieve the highest removal of bacteriophage MS2. Similarly, there was no difference among the three filters on the enhanced coagulation train except for removal of *C. parvum* oocysts. For both exceptions, the sand filter was observed to achieve the highest performance.

**Effect of coagulation pH on pathogen removal.** This experiment was conducted as part of the evaluation of trimedia, dual‐media, and sand filtration. Experimental conditions were described in the previous section. To summarize, an alum dose of 70 mg/L was used for this study, and coagulation was carried out at pH 7.0 in one treatment train and at pH 5.7 in the other treatment train. [Figure 3](#awwa10514-fig-0003){ref-type="fig"} shows the flow schematic for this experiment.

A small but statistically significant difference was observed between the two pH values for turbidity control. The filters at pH 5.7 achieved effluent turbidities of 0.08 to 0.09 ntu, whereas the filters at pH 7.0 had slightly higher effluent turbidities ranging from 0.11 to 0.12 ntu.

Pathogen removals through sedimentation and dual‐media filtration are shown in [Figure 11](#awwa10514-fig-0011){ref-type="fig"}. As shown in this figure, higher removals of *E. coli* O157:H7 and bacteriophage MS2 were achieved with a coagulation pH of 5.7.

![Effect of pH on removal of pathogens through sedimentation and dual‐media filtration](AWWA-95-95-g011){#awwa10514-fig-0011}

> Results suggest a more rapid breakthrough of *A. hydrophila* and *E. coli* O157:H7, a finding that signals a public health concern because protection of water consumers from these pathogens may depend solely on disinfection.

In both cases, the difference exceeded 1.0 log and was statistically significant. There was no statistically significant effect of coagulation pH on the other microorganisms. The same conclusions were reached for removals through sedimentation and trimedia filtration.

With monomedium sand filtration, the pH 5.7 treatment train achieved a significantly greater removal of *C. parvum* oocysts than did the pH 7.0 treatment train ([Figure 12](#awwa10514-fig-0012){ref-type="fig"}). In this case, oocyst removals through sedimentation and sand filtration were 2.6 log for pH 5.7 and 1.8 log for pH 7.0. There was no statistically significant effect of coagulation pH on the removal of the other microorganisms.

![Effect of pH on removal of pathogens through sedimentation and sand filtration](AWWA-95-95-g012){#awwa10514-fig-0012}

Conclusions {#awwa10514-sec-0005}
===========

Turbidity breakthrough at the end of a filter run was accompanied by the breakthrough of all pathogens tested in this study. However, the results suggest a more rapid breakthrough of *A. hydrophila* and *E. coli* O157:H7. Although the reasons for this are unclear, this finding signals a public health concern because protection of water consumers from these pathogens may depend solely on disinfection. Even if these pathogens are not resistant to disinfection, there may be little protection from these microorganisms in the event of a disinfectant feed system failure.

Filtration rate and alternative filter media configurations had no apparent effect on pathogen removal for the pilot‐scale experiments. It is important to stress that pathogen samples were collected from ripened dual‐media filters. There is a strong likelihood that the onset of pathogen breakthrough would occur at different times for each filtration rate. Additional studies are needed to quantify the effects of filtration rate and filter type on pathogen breakthrough.

In a limited number of cases, a pretreatment and filtration pH of 5.7 achieved better pathogen removal than a pretreatment and filtration pH of 7.0. This enhanced removal was observed for *C. parvum* oocysts through sand filtration and for *E. coli* O157:H7 and bacteriophage MS2 through both dual‐media and trimedia filtration. There was no observable effect of pH on any of the other pathogens tested.
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